I. ENVIRONMENTAL DNA (eDNA) FIELD SAMPLING LAB

Objective: To learn environmental DNA field sampling techniques for the detection of rare or invasive species.

Reading: Dougherty et al. 2016. Journal of Applied Ecology 53:722

Before lab: Take pre-lab quiz online.

1) Introduction
Aquatic plants and animals are often difficult to find or catch, especially if they are not abundant. When an invasive species first arrives in an area, it is usually in low numbers. If an invasive species is found early, before it becomes a problem, there is a much greater chance of preventing its impact and spread. The usual methods that we use to find or catch aquatic animals are sometimes not as effective in the very first stages of invasion, though. This is where a new technique called environmental DNA or “eDNA” can help.

DNA is the genetic material in cells unique to every species. Animals shed DNA into the environment through bodily excretions such as urine or feces, sloughed tissues or cells, eggs, scales or exoskeletons and plants shed cells from their roots, leaves, and stems. This so-called eDNA is found throughout the water.  In the lab, we are now able to match this eDNA to specific animal and plant species. By taking water samples, we are able to tell what types of animals and plants are living in the lake or stream. We can now “see” animal or plant DNA before we actually find the animal or plant.

With a few sampling materials and some simple steps, you can search for an invasive species using eDNA. In this first part of the lab, you will filter water from the Willamette River using a filter funnel attached to a flask. The pump is a vacuum pump used for automotive brake line repair and easily purchased for use in the field.  When you push water through the filter apparatus, cells containing DNA stick to the filter. In the second lab module, you will learn how to extract DNA from the cells (e.g., DNA extraction). 

2) Field Sampling
A.  Field Sampling Preparation
***background (to read only - this will be done in advance of the lab)
Equipment for sampling of eDNA needs to be sterile, that is, free from the DNA of the plant or animal of interest. It is also important to minimize DNA contact in general because it will make subsequent lab processes more efficient. Before equipment is brought out into the field, it is important that it be bleached, rinsed thoroughly and dried. If there is laboratory access to a UV cabinet for sterilizing equipment, it should be used for extra confidence in sterilization. 

The following items should be soaked in a ~10% bleach solution (approximately 1 part bleach to 9 parts water) for at least 10 minutes (although don’t leave in the solution much longer because it can degrade the equipment over time): filter funnels including bases, sample water bottles, plastic forceps, stoppers with adapters, and flasks. Do not soak the hand pumps because they are metal and will rust. The plastic tubing for the hand pumps can be bleached and rinsed periodically, but this is not necessary between samples and field sites. After soaking in the bleach solution, rinse very thoroughly with DI water to get rid of all traces of bleach. Even a small amount of bleach can have a detrimental effect on all subsequent lab processes and impact the ability to detect DNA.

After bleaching, rinsing, and drying the filter funnels, bases, and forceps, load a new filter onto the base and secure the funnel to the base (it will click in place). Generally one pair of forceps can be used to load all of the filter funnels. Make sure to sterilize the surface on which the filter funnels will be loaded. Bleach the surface with a 10% bleach solution and dry thoroughly with paper towels. After bleaching, place sterile paper towels on the surface and set the filter funnels and forceps on the paper towels as you work. Stack the filter funnels and place them into sterile gallon plastic bags. Place the sterile plastic forceps into a sterile plastic gallon bag for use in the field.

B. Field Sampling
Where to monitor:  Focus on highly trafficked areas such as boat docks. Since the water that you sample will need to go through a filter, try to take the sample where the water looks clear. Areas with a lot of duckweed or other small plant material, or that have a lot of kicked up dirt or sand will not work well because they will clog the filter.

eDNA Sampling Equipment

· Filtration apparatus (each apparatus consists of 1 filter flask, 1 rubber stopper with an adapter, 1 hand pump)
· Nitrile gloves
· Filter funnel pre-loaded with filter for each sample 
· Extra filters
· Sterile 250 mL bottle for each sample
· Plastic forceps
· Test tubes containing 700 μL Longmire’s buffer for storing filters
· 1 box of gallon freezer storage bags
· “Control” sample bottle filled with deionized (DI) water from the lab OR a bottle of drinking water

How to monitor:
Step 1:  Find a good area to sample. 

Ideally, you will want to be near a boat dock or other area where invasive species might be starting their visit or are more established from being there a while. Be sure that you can get to the water safely and easily. If you think that you might stir up a lot of sediment or sand by walking near or wading into the water, try to find another location or wait for the sediment or sand to settle. The water needs to pass through the filter fairly easily and too much dirt or small plant material like algae or duckweed can cause it to clog. If there is a layer of algae on the surface of the water (algal bloom), try to get beneath the bloom and take clearer water if possible.

Step 2:  Find a good area to filter.

It is best to filter on a flat surface like a picnic table. If you can find a picnic table near your sampling site, that will be ideal. If not, it will be okay to walk the sample to the filtering table. Be sure that the sample does not remain unfiltered for much longer than 30 minutes unless you can put it on ice. Try to keep the sample in a cool, dark place if possible.

Step 3:  Prepare the filtering station.

Each kit contains a box of gallon storage bags. A single gallon storage bag can be used to set the filtration apparatus, filter funnel, and forceps down on when not in use. The picnic table can have lots of DNA on it, so it is better to have these items on a more “sterile” surface. Take out a bag and place the filtration apparatus, bag of filter funnels, and forceps on top (also good for keeping it from blowing away).

To set up the filtration apparatus, attach a stopper with an adapter to the flask. Attach the tubing connected to the hand pump to the handle of the flask. Each filter funnel will attach to the adapter on top of the stopper. 

At this point, also take out the box containing the 2 mL centrifuge tubes that contain Longmire’s buffer since the filters will need to go into the tubes right after filtration

Step 4:  Take the water sample(s).

Remove 1 pair of gloves and a sterile sample bottle from the sampling kit. With the gloves on, remove the lid from the sample bottle. Rinse out the bottle a few times in the water (being sure not to disturb the sediment too much). The reason for this is to remove any possible bleach that did not get rinsed away in the lab. Fill the bottle with water as much as possible (as close to full as possible). Put the lid back on and return to the filtration table.

Prior to filtering, wipe the outside of the bottle with a paper towel or bleach wipe (if available). 

If you are just taking replicates at a site and not concerned with individual sample locations, one pair of gloves will be sufficient. If taking multiple samples and including a GIS or other reference point, change gloves in between each sampling event.

*After all sampling is complete, remove the gloves and throw them away or set aside to throw away later (This step is important because you will next filter a control sample which requires clean gloves).

Step 5:  Prepare the Control sample.

The “Control sample” is a blank water sample that helps the lab to be sure that there is not DNA contamination during the preparation or sampling process. DNA is small and can find its way into places where it doesn’t belong. If the control sample is free of DNA from the species of interest, it gives us more confidence that any DNA found in the lake or river sample is not contamination.

The best way to take the control sample is with a bottle of DI water from the lab (pre-filled) OR drinking water. Avoid using tap water from the site as it may contain DNA from the site waterbody. If you absolutely must take a tap water sample from the site, make a note of it.

Step 6:  Filter the Control sample.

As a quick reminder, at this point, you should have on a new pair of gloves (not the ones that you took the lake sample with).

Put on a clean pair of gloves.  Take out the pre-filled control sample bottle or bottle of drinking water and open the lid. Pour the contents of the pre-filled bottle or drinking water bottle into the filter funnel up to the 250 mL mark. Begin pumping the water through the filter by using the hand pump. It may take a while to get a vacuum. Once a vacuum is achieved (the needle on the gage will stop moving), you can give your hand a break!  If the pressure starts to drop, just continue to pump again until all of the water is through the filter. 

Step 7:  Place the filter in the tube.

We need to preserve the DNA that is on the filter by placing the entire filter into the Longmire’s solution provided in the 2 mL test tube. We’ll break it down into a series of steps below:

· [image: ]As carefully as possible, take apart the filter funnel (it is in 2 parts – the cup and the base; Figure 1). Remove the cup while keeping the base intact. If you feel resistance or hear a “whooshing” sound, that is the vacuum being released.Figure 1. An example of a filter funnel that contains the base and the cup. The filter sits on top of the base.

· [image: ]Open the sample test tube labelled as the Control. It is easiest to keep the test tube in place in the sample box at first for stabilization and to prevent liquid from spilling. 
· Use both forceps to fold the filter in half, then quarters, then eighths. Fold while the filter is stabilized on the base (See Figure 2). Avoid touching the filter with anything but the forceps (e.g., do not touch with gloved hands).Figure 2. Folding the filter so that it fits into the 2 mL centrifuge tube. Avoid touching the filter with anything other than the forceps.

[image: ]
· Lift the filter and place it inside of the test tube. This will require some “scrunching” of the filter, which is normal (Figure 3). Important: be sure that the filter is immersed in the liquid. 
· Be sure that the lid of the centrifuge tube is completely closed so that the liquid inside does not evaporate or spill.

Step 8:  Filter the water samples.Figure 3. An example of a folded filter being placed into a 2 mL centrifuge tube with forceps.


For each water sample, replace with a new filter funnel and forceps. Put on a new pair of gloves before setting up the new filter funnel and forceps. You can use this pair of gloves while filtering the new sample. Repeat steps 6 and 7. Put on a new pair of gloves before starting the next sample. 

Step 9:  Put everything away.

Notes about clean-up (read only - this will be done after the lab):

All of the following items should be bleached and rinsed thoroughly before use again in the field:  filter funnels and bases, forceps, sample water bottles. 

The filter flask and stopper/adapter combo should be bleach and rinsed, but do not have to be rinsed as thoroughly since neither touches the sample.



DUE AT THE END OF THE FIELD TRIP
In your field notebook, you should report: a general site description, volume sampled, volume filtered, sub-site details, information about the control sample (i.e. water source), sample identification numbers, and any variations from the protocol.  
[bookmark: _GoBack]

II. ENVIRONMENTAL DNA (eDNA) LAB ANALYSIS
 
Objective: To learn environmental DNA lab analysis techniques for the detection of rare or invasive species.

1) Introduction
Last week we learned field techniques to sample for eDNA in a waterbody.  Specifically, we sampled for zebra mussel eDNA in the Willamette River. This week, you will learn how to extract DNA and look at it on a gel.

2) Lab Analysis 
A. Gel Electrophoresis 
During this portion of the lab, you will be able to see any amplified DNA on a gel. A dye is added to the gel before it sets. The dye (in this case Gel Red) binds to double-stranded DNA and fluoresces when exposed to UV light. The amplified DNA is added to wells and migrates down through the porous gel because of the use of a current in the gel rig. The current runs from negative to positive; DNA molecules have a negative charge, so are pulled downward toward the positive charge. The molecules travel through the pores in the gel at a speed that is inversely related to their lengths, so smaller molecules will travel further down the gel than larger molecules. A size standard (ladder) that contains predetermined band sizes is added to the far left well on the gel as a reference to compare the size of the band or bands from the samples.

The gel for this experiment has already been made and placed in the gel rig. The gel is made with 100 mL of 1x TAE buffer and 1.5 g of agarose. This is a 1.5% agarose gel. A 2% gel would contain 2 g/100 mL of agarose and so on for larger percentages. The optimal percentage of a gel can be determined by researching the size of the fragment that you are targeting. Agarose is a thickening agent, so will cause DNA fragments to move more slowly through the gel at higher percentages. The concentration and type of buffer used in the gel should match the buffer added to the gel rig, so for example, if a 1x TAE is used in the gel, it should also be used in the rig. 

The TA will add the ladder to the first well of each row of the gel. Each person will load their sample into the gel.

The TA added 2 μL loading dye to all of the samples after the PCR was complete.

Step 1:  Using a pipette tip that is set to 22 μL, dip into the sample that contains the loading dye and pipette up and down a few times to mix up the dye and sample. 

Step 2:  Dip the pipette tip back into the mixture and pull up the liquid. 

Step 3:  This part is tricky for some people and easy for others. It often takes some practice!  If you can see the well to pipette the sample into, simply place the pipette tip into the well and depress the pipette to release the liquid. If you cannot see the well, try to feel around with the pipette until you feel an opening in the gel. Release the liquid slightly to be sure it is going into the well. If not, feel around in the gel a little more. If the liquid IS successfully going into the well, depress the pipette until all of the liquid goes in.  

Note:  As students load their samples into the gel, you may notice that the wells look “fuzzy” as if the dye is not in the well as neatly as when it first went in. This is normal, and occurs as the gel sits in the liquid. It is good to get the gel running as soon as possible however, to ensure clean bands.    

Step 4:  As soon as all of the samples are loaded, the TA will attached the lid to the nodes and start the gel. This will take approximately 45 minutes. While the gel is running, you can look at it and start to see the color separation of the dye. In this way you can “see” the progress of the gel. 


B. DNA Extractions
The following are instructions for extracting DNA from animal tissue using the DNeasy Blood and Tissue kit, manufactured by Qiagen. Many labs use commercially manufactured kits to extract DNA because they are easy to use and reduce exposure to hazardous chemicals. Each student has an aliquot from the original kit. It is a good idea to aliquot smaller amounts from the main stock to reduce the risk of contamination and more easily track contamination if it occurs. You will extract zebra mussel (Dreissena polymorpha) tissue that was collected in Nevada, preserved in ethanol, and sent to the university for test material. 

Contents of the kit:

· DNeasy Mini Spin Columns (colorless) in 2 mL Collection Tubes
· Collection Tubes (2 mL)
· Buffer ATL
· Buffer AL
· Buffer AW1
· Buffer AW2
· Buffer AE
· Proteinase K

Prior to the lab, the TA added a small piece of clam tissue (about half the size of a pencil eraser) to a 1.5 mL microcentrifuge tube. They then added 180 µL Buffer ATL and 20 µL Proteinase K. This combination was then mixed thoroughly with the mini-vortexer and incubated overnight in a waterbath at 56°C. 

Step 1:  The TA will give you the 1.5 mL microcentrifuge tube that contains the tissue, buffer ATL, and Proteinase K. Label the sticker on the top of the tube with your initials. Label all of the other tubes at your station with your initials except the ones that are already labeled. 

Step 2:  Be sure that the lid is tightly closed, then vortex the sample for about 15 seconds. It should be a somewhat muddy looking liquid mixture. 

Step 3:  Add 200 µL Buffer AL to the sample, and mix thoroughly with the mini-vortexer for about 15 seconds.

Step 4:  Add 200 µL ethanol (100%), and mix again thoroughly by vortexing (~15 seconds).

Step 5:  Pipet the mixture from step 3 into the DNeasy Mini spin column placed in a 2 mL collection tube. The total volume to pipet should be around 600 µL, so set the pipette to this volume. Close the lid to the tube and give to the TA for placement in the centrifuge.

Step 6:  All of the class samples will be centrifuged at 6000 x g (8000 rpm) for 1 min. Your TA will give you back your sample tube. Discard the liquid in the collection tube and place the mini spin column back into the empty collection tube.  

Step 7:  Add 500 µL Buffer AW1 to the mini spin column and close the lid to the tube. Give the tube back to your TA to centrifuge. All of the class samples will be centrifuged again at 6000 x g (8000 rpm) for 1 min. 

Step 8:  Your TA will give you back your sample tube. Discard the liquid in the collection tube and place the mini spin column back into the empty collection tube.  

Step 9:  Add 500 µL Buffer AW2 to the mini spin column and close the lid to the tube. Give the tube back to your TA to centrifuge. All of the class samples will be centrifuged for 3 min at 20,000 x g (14,000 rpm) to dry the DNeasy filter. Discard flow-through and collection tube.

Step 10:  Place the DNeasy Mini spin column in a clean 1.5 mL or 2 mL microcentrifuge tube, and pipet 200 µL Buffer AE directly onto the DNeasy filter. Incubate at room temperature for 1 min, and then centrifuge for 1 min at 6000 x g (8000 rpm) to elute. 

Note:  This is your final DNA sample – do not discard the liquid this time! 

C. Polymerase Chain Reaction (PCR)
For the sake of time, the TA has conducted the PCR for the filters (collected last week) and tissue previously extracted. You loaded the PCR product into the gel in the first step.

Watch the short video on how PCR works here.

D. Visualize DNA with UV Transilluminator
Step 1:  When the gel is done running, the TA will turn off the electrical supply for the rig and take off the lid. The gel is then lifted out of the rig and excess water drained by tipping slightly sideways. 

Step 2:  The TA will place the gel in the UV Transilluminator. This is a very strong UV light source that will allow you to see the amplified DNA bands. It is important to keep the lid to the UV light on or wear a protective mask if working with the gel and lifting the lid. Severe eye and face burns can occur with exposure to these strong UV wavelengths.

Gather around the transilluminator. The TA will turn off the main lab lights, then turn on the machine once the lid is on and covering the light. You should see one amplified band from the positive control (Figure 4). If there are positive detections from the river, you will see bands for those as well.  Congratulations!  You have amplified and visualized DNA from zebra mussels.

Note:  If you did not see any bands from your sample, there are a number of things that could have happened. The step-by-step process of DNA extraction to amplification can be imperfect; figuring out what went wrong is often a big part of lab work. The most likely thing when working with tissue extracted DNA is a bad reagent in the PCR mastermix. 

[image: C:\Users\strecker\Downloads\Agarose gel.png]Figure 4.  Illustration of a positive PCR detection.  Digital image of 3 DNA bands run on an agarose gel, stained with ethidium bromide (EtBr). Note that our lab uses GelRed® as a substitute for EtBr. The bands shown here are plasmid DNA, but mussel DNA will look like this on a gel too. The DNA size marker is a commercial 1 kbp ladder. The position of the wells and direction of DNA migration is noted. 
[Photo: https://en.wikipedia.org/wiki/Agarose_gel_electrophoresis]
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